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INTRODUCTION

Heterotrophic bacterioplankton are important de-
composers of organic matter and recyclers of inorganic
nutrients in marine environments. Bacterioplankton
are prey to nano- and microzooplankton-sized grazers,
where protists, especially heterotrophic nanoflagel-
lates (HNF), constitute the primary bacterivores and
conduits of bacterial production (BP) to higher trophic

levels (Sherr & Sherr 2002). Bacterial growth can be
regulated by bottom-up (resource-limited) or top-
down (grazer-restricted) processes. In ecosystems with
low inorganic nutrient concentrations, the limiting
nutrient(s), in theory, can set the level of bacterial
growth and abundance, which then regulates the bio-
mass of bacterivores (Sanders et al. 1992). Resource
status or trophic level of an aquatic ecosystem might,
however, not be the best predictor of bottom-up or top-
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down control of bacterial growth (Gasol et al. 2002).
Protists can respond to changes in environmental cues
such as the growth, metabolic activity, size, density,
and community structure of their prey by altering
activity, feeding strategies, and for mixotrophic species
their mode of nutrition (Gasol et al. 1999, Jürgens &
Matz 2002, Sherr & Sherr 2002).

In Florida Bay, USA, and other seagrass-dominated
estuaries, bacterioplankton play an important role in
transferring primary production to higher food webs.
In unimpacted seagrass estuaries, phytoplankton bio-
mass and water column inorganic nutrient concentra-
tions are generally low, but the water column is
enriched in organic matter due to high rates of benthic
primary productivity (Boyer et al. 1999, Ziegler & Ben-
ner 1999). In these ecosystems, bacterioplankton have
access to a wide variety of carbon sources, which can
uncouple bacterial reliance on phytoplankton as their
sole carbon source. Such uncoupling allows bacteria to
compete successfully with phytoplankton for limiting
nutrients (Cotner et al. 2000). In these net hetero-
trophic pelagic environments, bacterioplankton might
experience stronger than expected top-down control
due to their importance as a link between benthic
production and pelagic carbon cycling.

Much of water column organic matter is not directly
accessible by heterotrophic bacteria, which must
induce extracellular enzymes (enzymes attached to
microbial cell walls or freely dissolved) to use high
molecular weight (>600 Da) organic matter. Esterase/
lipases are an important class of enzymes produced by
all microorganisms and are used to hydrolyze a wide
variety of ester bonds of biologically important com-
pounds (Bornscheuer 2002). Esterase/lipase activities
in aquatic communities have been used to determine
bacterial carbon use (Taylor et al. 2003, Williams &
Jochem 2006), bacterial metabolic activity (Gilham &
Lehner 2005), bacterial functional diversity (Knopoka
& Zakharova 2002), and phytoplankton cell lysis
(Agustí et al. 1998). In Florida Bay, esterase activity
was significantly higher than the more commonly mea-
sured alkaline phosphatase and aminopeptidase activ-
ities and was not a direct consequence of substrate
availability or phytoplankton biomass (Williams &
Jochem 2006). The purpose of esterase activity in this
estuary is currently not well understood. One hypothe-
sis is that esterase activity in Florida Bay is linked to
bacterial community growth, in which esterases are
used to supply carbon for bacterial catabolism. In cul-
tured bacteria, esterase/lipase activity peaked during
exponential growth but was reduced during the sta-
tionary phase (Jaeger et al. 1994, Gobbetti et al. 1997).

The primary goal of the present study was to deter-
mine bottom-up and top-down influences on hetero-
trophic bacterioplankton growth in Florida Bay. The

secondary goal was to investigate controls on extracel-
lular esterase enzyme activity in Florida Bay. Modified
serial dilution experiments (Landry & Hassett 1982,
Landry et al. 1995, Caron 2001) were used to deter-
mine bacterial growth and grazing mortality rates in
Florida Bay, whereby bacterial populations were dis-
tinguished as high and low DNA content bacteria
(HDNA and LDNA, respectively) by flow cytometry
(Jochem et al. 2004). In addition, esterase activity
assays were conducted under different grazer abun-
dance (dilution) and nutrient (ambient and enriched)
treatments. This experimental design allowed simulta-
neous determination of esterase activity, bacterial
growth, and bacterial grazing mortality.

MATERIALS AND METHODS

Study site and sampling procedures. Florida Bay is a
shallow (<2 m) subtropical seagrass estuary located at
the southern tip of the Florida peninsula. Florida Bay is
open to the Gulf of Mexico in the west and separated
from the Atlantic Ocean in the south and east by the
semi-permeable barrier of the Florida Keys (Fig. 1).
Four stations (Duck Key, northeast bay [NE]; Little
Rabbit Key, south-central bay [SC]; Rankin Key, north-
central bay [NC]; and Murray Key, northwest bay
[NW]) were sampled during summer 2004 (August 18
to 26), winter 2005 (January 7 to 15), and fall 2006
(November 10 to 18). These stations were used in pre-
vious studies on microbial food webs (Lavrentyev et al.
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Fig. 1. Florida Bay area. Sampling stations: northeast (NE), 
south-central (SC), north-central (NC), and northwest (NW)
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1998) and phosphorus (Cotner et al. 2000) and nitrogen
cycling (W. S. Gardner unpubl. data), and are part of
the continuous water quality monitoring program in
Florida Bay. Based on previous studies (Fourqurean et
al. 1993, Lavrentyev et al. 1998, Cotner et al. 2000,
Williams & Jochem 2006) and data from the Florida
Bay water monitoring program (Boyer et al. 1999), NE
was expected to be phosphorus-limited (bottom-up
controlled) and have the least top-down influence from
bacterivorous protists. NC was expected to have a
more balanced inorganic nutrient stoichiometry (i.e.
close to 16:1 Redfield ratios) and the highest protist
biomass. SC and NW were expected to act as transition
stations between the nitrogen-limited Gulf of Mexico
and the phosphorus-limited eastern Florida Bay, where
bottom-up and top-down forces co-influence hetero-
trophic bacterioplankton communities. Dilution exper-
iments and esterase assays were not conducted at SC
during fall 2006.

Once per season at each station, ca. 40 l surface
water were collected in acid-washed, sample-rinsed
polycarbonate bottles. Inorganic nutrient samples
were filtered (0.2 µm pore size) at the time of collection
and frozen for later analysis. Water for dilution experi-
ments and esterase analyses was stored shaded on the
boat deck until laboratory processing, usually within 2
to 4 h of collection.

Environmental variables. Temperature and salinity
were measured with a Hydrolab DataSonde/Surveyor
4. NO2

– + NO3
– and PO4

3– concentrations were deter-
mined on a Lachat QuikChem 8000 flow injection ana-
lyzer. NH4

+ concentrations were determined by high
performance liquid chromatography (HPLC) (Gardner
et al. 1995).

Chlorophyll a (chl a) concentration was determined
from particles collected on 0.2 µm pore-size 47 mm
NylaFlo membrane filters from 0.05 to 1 l water sam-
ples. Chl a was extracted in 90% acetone for 24 h at
–20°C and measured on a Turner TD-700 fluorometer
calibrated with internal commercial standards. In fall
2006, particles collected on membrane filters were
manually ground and then extracted for chl a.

Total bacterial abundance (TBAC) was determined
on a FACSort flow cytometer after treating with RNAse
and staining with SYBR Green I in the presence of
30 mmol l–1 potassium citrate (Marie et al. 1997,
Jochem 2001). Bacteria were separated into HDNA
and LDNA subpopulations based on side-angle light
scatter (SSC) and green fluorescence (FL1, 535 ±
15 nm) relative intensities (Jochem et al. 2004).

Between 5 and 15 ml of formaldehyde-preserved
(2% final concentration) samples were concentrated
onto 0.45 µm pore-size 25 mm black polycarbonate
membrane filters, stained with DAPI, and counted
under a fluorescent microscope using a dual-band (UV

and green excitation) filter set. Random fields were
scanned until at least 200 cells were counted. HNF
were distinguished from autotrophic nanoplankton by
the absence of chlorophyll autofluorescence. Ciliates
and dinoflagellates (plastidic and aplastidic) were
preserved with acid Lugol’s iodine (5% final concen-
tration) and counted and measured in 50 to 100 ml
Utermöhl settling chambers using differential interfer-
ence contrast microscopy. The entire chamber was
scanned to quantify microzooplankton. Length and
width (taken as the longest dimensions) of at least
40 cells per abundant protist group (i.e. HNF, aloricate
ciliates, tintinnids, thecate and athecate dinoflagel-
lates, etc) were measured using an eyepiece microme-
ter at 400 to 600× and 1000× magnifications for micro-
zooplankton and HNF, respectively. Cell volumes of
protists were calculated from their linear dimensions
by applying the approximate geometric shape and
converted to carbon according to Putt & Stoecker
(1989) and Menden-Deuer & Lessard (2000).

Dilution experiments. A modified dilution experi-
ment approach was used to determine TBAC, HDNA,
and LDNA bacterial gross growth, grazing mortality,
and net growth rates (our Fig. 2; Landry & Hassett
1982, Landry et al. 1995, Caron 2001). Sample water
was pre-screened through a 153 µm mesh to remove
large zooplankton. One hundred, 80, 60, 30, and 10%
of whole water serial dilutions were prepared with
0.2 µm pore-size, 1350 cm2 surface area Versapor (Pall)
cartridge gravity-filtered ambient water. The use of
large-area filter cartridges and gravity flow is expected
to have avoided organic carbon enrichment by cell
damage during filtration. This assumption was con-
firmed in a later, independent experiment measuring
effects of the employed filtration technique by direct
measurements of dissolved organic carbon (DOC) (Shi-
madzu TOC-5000) in unfiltered and filtered water,
which did not show a significant change in DOC con-
centration upon filtration (authors’ unpubl. data).
Nitrogen and phosphorus (N + P; NH4NO3 + K2HPO4)
were added to the dilution series at 1.59 µmol N l–1 and
0.79 µmol P l–1 final concentration, which was 0.4 to
7 times and 10 to 100 times ambient N and P concen-
trations, respectively (see Table 1). Nutrient addition
relieved potential nutrient limitation of bacteria and
was necessary to avoid underestimating bacterial
grazing morality rates (Landry & Hassett 1982). In
addition, 100 and 10% of whole water control (no
nutrient amendments) and <25 µm plus N + P (summer
2004, winter 2005, and at NW in fall 2006) treatments
were prepared. Finally, in fall 2006, carbon only and
carbon plus N + P treatments were added to the dilu-
tion experiments to test for carbon limitation of bacter-
ial growth rates. Carbon treatments received 390 µmol
C l–1 final concentration in equal parts of acetate, pyru-
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vate, glucose, and fructose, constituting a 35 and 23%
increase in carbon from the long-term median total
organic carbon concentration in eastern and central
regions, respectively, of Florida Bay (Boyer et al. 1999).

All dilutions and treatments were incubated in tripli-
cate using 500 ml (control, <25 µm plus N + P, and
N + P) or 250 ml (C only and C + N + P) clear polycar-
bonate bottles (Fig. 2). All bottles were incubated
under in situ light levels, photoperiod, and tempera-
ture for 24 h. At initial (T0) and final (T24) incubation
times, water was collected for bacterial abundance and
esterase activity determination.

Total, HDNA, and LDNA bacterial grazing mortality
rates were estimated as the negative slope of the linear
regression line of the N + P dilution series and apparent
growth rate at each dilution (Caron 2001). One criticism
of the original Landry & Hassett (1982) serial dilution ex-
periment was that nutrient addition can stimulate micro-
bial growth, causing overestimation of net bacterial
growth rates (Landry et al. 1995, First et al. 2007). To ac-
count for this concern, net bacterial growth rates (TBAC,
HDNA, and LDNA) were estimated from 100% control
treatments as ln(NT0/NT24), where N is the group specific
bacterial abundance at T0 and T24 (Caron 2001). Bac-
terial gross growth rates were calculated as the sum of
grazing rates and control treatment net growth rates.

Esterase activity assays. Methylumbellif-
eryl(MUF)-heptanoate was used to measure
extracellular esterase activity (Williams &
Jochem 2006). MUF-heptanoate is a fluoro-
genic model substrate analog for ester-
linked organic acids with a chain length of
7 carbons (C7). By definition, esterases hy-
drolyze the ester bond of short chain (≤C10)
mono-, di-, and triacylglycerol and a variety
of esters of short-chain organic acids. In
nature, esterase/lipase enzymes have broad
substrate specificity and the chemical char-
acteristics of the enzymes that are capable
of hydrolyzing MUF-heptanoate are not
known (Bornscheuer 2002, Gilham & Lehner
2005). Therefore, esterase activities re-
ported here likely included activity from
lipases, which have greater specificity, for
long-chain (≥C10) organic acids and tri-
acylglycerides.

Esterase activities (i.e. maximum hydro-
lysis rate, Vmax) for the medium chain length
MUF-heptanoate were determined by the
Michaelis-Menten kinetic model. Activities
were based on changes in fluorescence over
3 h incubations at 4 model substrate concen-
trations (10, 25, 100, and 200 µmol l–1). Fluo-
rescence was measured on a BioTek
FLx800TB computer-controlled plate reader

and fluorescent units converted to substrate concentra-
tion using MUF standard curves. Ambient esterase
activity is reported as µmol l–1 h–1.

Esterase activities were measured in 100 and 10%
dilution treatments at T0 and T24, where T0 100%
control was deemed the ambient esterase activity.
Given the large number of incubation wells needed
to determine esterase enzyme activities for triplicate
bottle incubations (288 per station), it was not possi-
ble to measure each treatment and dilution in tripli-
cate at T24. Instead, the triplicate incubations at each
dilution for each treatment, excluding control incu-
bations, were pooled. The pooled samples were re-
plicated for MUF fluorescence measurement accu-
racy. To allow statistical comparison with esterase
activities in 100 and 10% control dilutions, nutrient-
amended treatments (i.e. <25 µm plus N + P, N + P, C
only, and C + N + P) were averaged at T24. Thereby,
the impact of dilution and general nutrient amend-
ment on esterase activity was investigated. In order to
simplify these results and allow comparison between
stations and years, esterase activities from the dilu-
tion experiment are reported as Δesterase, which is
the difference in esterase activity between T24 and T0

as µmol l–1 or normalized to T0 esterase activity and
expressed as %.
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Fig. 2. Dilution experiment diagram. Whole water and 0.2 µm cartage-fil-
tered water were mixed together to produce 10, 30, 60, 80, and 100%
whole water dilution series and nutrient treatments. Each treatment was
incubated in triplicate (i.e. A, B, C) using 500 or 250 ml clear polycarbon-
ate incubation bottles. Bacterial abundance samples were collected ini-
tially (T0) and at the end of incubation (T24) from each bottle (n = 3). T0

and T24 esterase activities were only determined in 10 and 100% whole
water dilutions. Esterase activities for control treatments were replicated
as just described, but amended treatments were pooled (A + B + C) for
analysis and error reported for between-nutrient amendment treatments
(n = 2 or 3 depending on season). Size fraction <25 µm with nitrogen and
phosphorus amendments treatment was used in summer 2004, winter
2005, and at the northwest station in fall 2006. Carbon only and carbon + 

nitrogen + phosphorus treatments were only used in fall 2006
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Explicitly separating 100 and 10% treatments
allowed the impact of grazing on esterase activity to be
determined. One assumption of the dilution experi-
ment is that prey growth rates are not changed by the
dilution and the predator-prey encounter rate is
inversely proportional to sample dilution. Thus, 100%
whole water treatments received 100% grazing pres-
sure and 10% of whole water treatments received 10%
of full grazing pressure, because 90% of the grazers
had been diluted out of the incubation. In this way, by
comparing Δesterase for control versus nutrient-
amended and 10 versus 100% dilution (i.e. the differ-
ence in Δesterase), the grazing and nutrient amend-
ment impact on esterase activity could be explored.

Statistical analysis. Environmental variables and am-
bient esterase activities were ln-transformed to meet the
assumptions of equal variance and normality. Significant
differences (α = 0.05) for environmental conditions were
resolved by ANOVA, considering the main effects
(Season and Station) in the model. A full-model (Season,
Station, and Season × Station) ANOVA was used to
determine significant differences in TBAC, HDNA, and
LDNA bacterial net growth, gross growth, and grazing
mortality rates. The Games-Howell post hoc test was
used to establish which pairs differed significantly. Am-
bient nutrient and grazing (i.e. dilution) impacts on
Δesterase were determined by paired t-tests (α = 0.05).
Correlation analysis was used to examine relationships
between environmental parameters, ambient esterase
activity, and dilution experiment results. Linear model II
regression and stepwise multiple regression analyses
were used to examine environmental controls on TBAC
net growth rate and the difference in Δesterase.

RESULTS

Environmental variables

Temperature ranged from 22.9 to 31.8°C and fol-
lowed a seasonal pattern: summer 2004 > fall 2006 >
winter 2005 (p < 0.001; Table 1). Salinity ranged from
31.4 to 45.0, did not differ between stations, and was
significantly lower in fall 2006 (p = 0.035). NO2

– + NO3
–

ranged from 0.7 to 2.3 µmol l–1 and were significantly
lower in fall 2006 (p = 0.027). NH4

+ ranged from <0.1
(HPLC detection limit) to 4.5 µmol l–1. NH4

+ was signif-
icantly lower in fall 2006 (p = 0.03) and transitioned
toward lower concentrations in the western bay (p =
0.048). PO4

3– ranged from 0.02 to 0.17 µmol l–1 and was
lowest in winter 2005 (p = 0.025). Dissolved inorganic
N (DIN): PO4

3+ ratios (hereafter N:P ratios) ranged from
5.2 to 170.5. In fall 2006, N:P ratios were significantly
lower than in winter 2005 (p = 0.016), though summer
2004 ratios did not differ from those in the other sea-
sons (Table 1).

Chl a ranged from 0.1 to 2.0 µg l–1 in summer 2004
and winter 2005. In fall 2006, chl a was significantly
higher due to pronounced phytoplankton blooms
(mostly cyanobacteria) at NE (3.3 µg chl l–1), SC (not
measured), and NC (28.1 µg chl l–1) sampling stations
(Table 2). Total, HDNA, and LDNA bacterial abun-
dance ranged from 0.6 × 109 to 15.2 × 109, 0.3 × 109 to
12.9 × 109, and 0.2 × 109 to 2.3 × 109 cells l–1, respec-
tively. The HDNA bacteria fraction was 51.8 to 85.1%
of TBAC. TBAC was not significantly different be-
tween stations and seasons. TBAC peaked at NC
during the fall 2006 phytoplankton bloom, due to a ca.

10-fold increase in both LDNA and
HDNA bacteria. Ciliate and dinofla-
gellate biomass were variable and
ranged from 2.1 to 14.5 and 1.6 to
54.0 µg C l–1, respectively. HNF bio-
mass ranged from 1.2 to 26.6 µg C l–1

and peaked in fall 2006 (Table 2).

Dilution experiments

Total, HDNA, and LDNA bacterial
gross growth rates ranged from 0.41 to
1.72, 0.44 to 1.92, and 0.25 to 0.73 d–1,
respectively (Fig. 3). HDNA bacterial
gross growth rates were significantly
higher than LDNA bacterial gross
growth rates (p < 0.001). Seasonally,
HDNA and LDNA bacterial gross
growth rates were highest during
summer 2004, followed by winter
2005, and lowest during fall 2006 (p <

11

Season Temp. Salinity NO2
– + NO3

– NH4
+ PO4

3– DIN:PO4
3–

Stn (°C) (µmol l–1) (µmol l–1) (µmol l–1)

Summer 2004
NE 30.9 41.4 1.8 1.8 0.11 27.9
SC 31.5 38.4 1.5 0.5 0.11 19.0
NC 31.8 37.9 1.7 1.5 0.06 53.1
NW 31.8 37.3 1.6 bdl 0.09 18.9

Winter 2005
NE 22.9 41.3 2.3 4.5 0.04 170.50
SC 23.0 38.4 1.8 0.6 0.04 47.0
NC 23.2 45.0 1.5 0.4 0.02 96.0
NW 23.4 33.7 0.9 0.4 0.05 28.1

Fall 2006
NE 24.9 31.4 0.8 0.4 0.05 24.1
SC 25.8 36.9 0.9 nd 0.17 5.2
NC 25.3 31.7 0.7 nd 0.12 6.2
NW 25.2 35.7 1.0 nd 0.06 17.3

Table 1. Ambient environmental conditions at Florida Bay sampling stations
(northeast: NE; south-central: SC; north-central: NC; and northwest: NW) dur-
ing 3 seasons. DIN: dissolved inorganic nitrogen. nd: not detected; bld: below 

detection limits (<0.1 µmol l–1)
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0.001). Spatially, HDNA and LDNA
bacterial gross growth rates were low-
est at NE and highest at the central
stations (p < 0.001). TBAC gross
growth rates in the <25 µm plus N + P
treatments increased, however, by 1.5
to 2 times compared to the control at
SC, NC, and NW in winter 2005, sug-
gesting the possibility of a trophic cas-
cade in the microbial food web (Calbet
et al. 2001). During fall 2006, C + N + P
treatments caused a 4 to 5 times in-
crease in TBAC gross growth rates rel-
ative to control incubations at NE and
NW stations, indicating possible car-
bon and nutrient co-limitation of het-
erotrophic bacterioplankton growth.
These observations are limited and
inconsistent in both space and time
and, thus, are reported here but not
discussed.
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Fig. 3. Growth gross, grazing mortality, and net growth rates with ambient esterase activity indicated for total bacterial abun-
dance (TBAC), high DNA content (HDNA), and low DNA content (LDNA) bacteria at northeast (NE), south-central (SC), north-
central (NC), and northwest (NW) Florida Bay sampling stations. Rates were not determined at SC in fall 2006. Non-significant 

serial dilution regression values are not presented

Season Chl a TBAC %HDNA Ciliates Dino HNF 
Stn (µg l–1) (× 109 cells l–1) (µg C l–1) (µg C l–1) (µg C l–1)

Summer 2004
NE 0.4 1.0 51.8 8.6 54.0 2.8
SC 0.6 0.7 66.1 5.9 38.8 1.2
NC 0.3 1.5 69.8 2.1 16.1 3.1
NW 1.2 1.1 56.5 10.4 4.4 3.4

Winter 2005
NE 0.1 0.6 59.2 7.0 5.8 1.4
SC 0.2 0.7 79.4 3.2 1.9 1.6
NC 0.4 1.5 55.6 8.7 25.7 5.4
NW 2.0 1.1 68.8 5.7 1.6 3.0

Fall 2006
NE 3.3 1.0 68.4 1.7 15.2 6.4
SC nd nd nd nd nd nd
NC 28.10 15.20 85.1 14.5 29.3 26.60
NW 1.8 0.9 71.5 1.5 5.9 2.2

Table 2. Phytoplankton biomass (chl a), total bacterial abundance (TBAC), per-
cent high DNA content bacteria (%HDNA), and ciliate, dinoflagellate (Dino),
and heterotrophic nanoflagellate (HNF) biomass at Florida Bay sampling sta-
tions (northeast: NE; south-central: SC; north-central: NC; and northwest: NW) 

across 3 seasons. nd: not determined
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Grazing mortality rates of total, HDNA, and LDNA
bacteria ranged from 0.32 to 1.46, 0.44 to 1.98, and 0.10
to 0.35 d–1, respectively (Fig. 3). HDNA bacterial graz-
ing mortality was significantly higher than LDNA bac-
terial mortality (p < 0.001), indicating that HDNA bac-
teria were consistently grazed more heavily than
LDNA bacteria. Total, HDNA, and LDNA bacterial net
growth rates ranged from –0.17 to 0.41, –0.33 to 0.43,
and 0.01 to 0.45 d–1, respectively (Fig. 3). HDNA bacte-
rial net growth rates were significantly lower than
LDNA bacteria (p < 0.001). During winter 2005, HDNA

and LDNA net growth rates were significantly higher
than in summer 2004 and fall 2006 (p < 0.001). Spa-
tially, HDNA and LDNA bacterial net growth rates
were lowest at NW and highest at NE and SC (p <
0.001).

Esterase activity

Ambient esterase activity ranged from 0.19 to
0.71 µmol l–1 h–1 and was significantly higher at central
bay stations (p = 0.014), though esterase activity did
not increase significantly during the phytoplankton
blooms in fall 2006 (Fig. 3). In fall 2006, 69 ± 8% of
whole water esterase activity was dissolved (i.e.
detected in 0.2 µm filtrate), while <4% of bacterial
cells slipped past the 0.2 µm filter (C. J. Williams
unpubl. data). T0 esterase activities were similar in 100
and 10% dilutions, suggesting that most of esterase
activity was freely dissolved in the water column and
initially not dependent on microbial biomass.

Δesterase, calculated as [(EsteraseActivityT24 –
EsteraseActivityT0)/EsteraseActivityT0] as %, in 100%
control and nutrient-amended treatments were gener-
ally similar. T24 esterase activities in 100% dilutions
did not deviate much from T0 (ambient) esterase activ-
ities (Fig. 4). In general, Δesterase was higher in 10%
nutrient-amended treatments than in 10% control
treatments. However, during summer 2004 at NW and
during fall 2006, Δesterase increased greatly in both
10% control and nutrient-amended treatments (Fig. 4).
Comparing Figs. 3 & 4, a surprising pattern emerges:
Δesterase was similar between control and nutrient-
amended 10% treatments when TBAC net growth
rates were near 0 or negative. This pattern also corre-
sponds to DIN concentrations having been relatively
low when compared to PO4

3– concentrations, i.e. low
N:P ratios (Table 1). To explore these results in more
detail, the influence of nutrients, biomass, and net
growth rates on Δesterase and ambient esterase activ-
ity was explored by correlation and linear regression
analyses.

Correlation and regression analyses

TBAC correlated positively with chl a (r = 0.75, p =
0.008) and HNF (r = 0.91, p < 0.001). In contrast, total,
HDNA, and LDNA bacterial abundance did not relate
to TBAC gross growth rate or TBAC grazing mortality
rate. Similarly, ciliate, dinoflagellate, and HNF bio-
mass did not relate to total, HDNA, and LDNA bacter-
ial grazing mortality rates. TBAC grazing mortality
rates were only positively correlated with TBAC gross
growth rates (r = 0.88, p < 0.001).
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Fig. 4. Δesterase (see ‘Esterase activity’) determined for 100%
(ambient grazing pressure) and 10% (reduced grazing pres-
sure) of whole-water dilutions and control (no nutrients) and
nutrient-amended treatments at northeast (NE), south-central
(SC), north-central (NC), and northwest (NW) sampling sta-
tions. Error bars (SE) for nutrient-enriched treatments indi-
cate error between <25 µm + N + P, N + P, and C + N + P treat-
ments. *Significant difference (p ≤ 0.05) between control and 

nutrient-amended esterase activities
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TBAC net growth rates, however, were influenced
by environmental conditions and esterase activity.
Individual linear relationships were observed for
TBAC net growth rates and ln-transformed DIN, PO4

3–,
N:P ratio, and ambient esterase activity, where NH4

+

and NO2
– + NO3

– explained the most and least, respec-
tively, variability in TBAC net growth rate (Table 3).
Stepwise multiple regression with covariates removed
indicated that NH4

+ concentration and ambient
esterase activities were significant influences on TBAC
net growth rate (for ln-transformed data, R2 = 0.75).
When the covariate, ln-transformed N:P ratio was sub-
stituted for NH4

+ concentration, the R2 of TBAC net
growth rate multiple regression was reduced slightly
to 0.69. Both multiple regressions indicate that bacter-
ial net growth rate was higher when NH4

+ concentra-
tion and esterase activity were higher (Table 3).

Why esterase activity relates to TBAC net growth
rate is not obvious. Instead, the difference between
10% Δesterase nutrient-amended and 10% Δesterase
control treatments hereafter the difference in 10%
Δesterase) was the key to the relationship between
esterase activity and bacterial net growth rate
(Tables 1 & 3, Figs. 3 & 4). The difference in 10%
Δesterase related to ln-transformed DIN, PO4

3–, N:P
ratio, and TBAC net growth rate, where N:P ratio and
NO2

– + NO3
– explained the most and least, respec-

tively, variability in the difference in 10% Δesterase.
Stepwise multiple regression with covariates removed
indicated that ln-transformed PO4

3– and NH4
+ concen-

trations explained most of the variability in the differ-

ence in 10% Δesterase (R2 = 0.72), whereby NH4
+ con-

centration could be replaced with TBAC net growth
rate without a loss in the relationship of the model (R2 =
0.69, Table 3). The difference in 10% Δesterase was
minimal (i.e. near 0) when PO4

3– concentration was
high and NH4

+ concentration or TBAC net growth rate
was low. These relationships indicated that under
ambient nutrient concentrations, esterase activity sig-
nificantly increased with the experimental reduction in
grazing pressure, but only when bacterial net growth
rates indicated that grazing mortality rates met or
exceeded bacterial gross growth rates (Table 3, Figs. 3
& 4).

DISCUSSION

Bacterial growth and grazing mortality

Two clusters of bacteria (i.e. HDNA and LDNA bac-
teria) are differentiated commonly by flow cytometry
based on variations in the relative size and nucleic acid
content of stained bacteria cells (Marie et al. 1997,
Gasol et al. 1999, Jochem et al. 2004). HDNA bacteria
have higher relative DNA fluorescence and on average
higher side-angle light scatter than LDNA bacteria.
LDNA bacteria are the dominant fraction of the bacte-
rial community in low-nutrient marine environments,
but HDNA bacteria production and growth rates on
average tend to surpass the numerically dominant
LDNA bacteria (our Fig. 3; Gasol et al. 1999, Jochem et
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Dependent variable (y) x1 b1 ± SE x2 b2 ± SE Const. ± SE R2 df F p

Linear 2-variable regression
TBAC net growth ln(NH4

+) 0.13 ± 0.02 0.26 ± 0.03 0.65 1,28 52.9 0.001
rate (d–1) ln(NO2

– + NO3
–) 0.21 ± 0.09 0.09 ± 0.04 0.16 1,28 5.3 0.03

ln(PO4
3–) –0.17 ± 0.06 –0.36 ± 0.18 0.23 1,28 8.2 0.008

ln(N:P) 0.14 ± 0.03 –0.35 ± 0.10 0.47 1,28 24.7 0.001
ln(Esterase) 0.22 ± 0.06 0.34 ± 0.06 0.28 1,31 12.3 0.001

Difference in 10% ln(NH4
+) 0.60 ± 0.09 1.58 ± 0.13 0.63 1,30 50.1 0.001

Δesterase (µmol l–1 h–1) ln(NO2
– + NO3

–) 1.50 ± 0.37 0.67 ± 0.15 0.36 1,30 16.5 0.001
ln(PO4

3–) –1.15 ± 0.23 –2.25 ± 0.67 0.45 1,30 24.8 0.001
ln(N:P) 0.75 ± 0.10 –1.51 ± 0.34 0.66 1,30 57.6 0.001

TBAC net 3.80 ± 0.59 0.50 ± 0.14 0.61 1,27 42.2 0.001

Linear stepwise multiple regression
TBAC net growth ln(NH4

+) 0.11 ± 0.02 ln(Esterase) 0.13 ± 0.04 0.35 ± 0.04 0.75 2,27 41.0 0.001
rate (d–1) ln(N:P) 0.13 ± 0.02 ln(Esterase) 0.19 ± 0.04 –0.15 ± 0.09 0.69 2,27 30.3 0.001

Difference in 10% ln(PO4
3–) –0.61 ± 0.20 ln(NH4

+) 0.46 ± 0.09 –0.27 ± 0.61 0.72 2,29 37.5 0.001
Δesterase (µmol l–1 h–1) ln(PO4

3–) –0.58 ± 0.22 TBAC net 3.03 ± 0.61 –1.05 ± 0.60 0.69 2,26 29.2 0.001

Table 3. Linear and stepwise multiple regression analysis using total bacterial (TBAC) net growth rate and the difference
between 10% nutrient-amended Δesterase and 10% control Δesterase as dependent variables. The difference in 10% Δesterase
represents bottom-up and top-down control of bacterial esterase activity in dilution experiments, where values near 0 indicate
primarily top-down influence on esterase activity and larger differences, values >0, indicate both bottom-up and top-down influ-
ence on esterase activity. Mean and SE of independent variables (b1, b2) and model constant coefficients, regression coefficient,

and F-test statistics are given for each relationship
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al. 2004). The %HDNA bacteria fraction increases in
coastal areas and with increasing resource availability
(Jochem et al. 2004, Longnecker et al. 2006). The
HDNA bacteria fraction of the Laguna Madre and
Florida Bay seagrass estuaries made up ~70% of the
TBAC, which was comparable to the Pacific Oregon
shelf upwelling system (our Fig. 3; Jochem et al. 2004,
Longnecker et al. 2006). The high fraction of HDNA
bacteria in low nutrient seagrass estuaries is likely
influenced by high rates of benthic macrophyte pro-
ductivity stimulating heterotrophic bacterioplankton
activity (Ziegler & Benner 1999, Jochem et al. 2004).

HDNA bacteria are more metabolically active and
have higher rates of protein synthesis than LDNA bac-
teria (Longnecker et al. 2006) and are positively
related to live-stained, active bacterial cells (Gasol et
al. 1999). These attributes suggested that the HDNA
bacteria are the active fraction of the bacterial commu-
nity (Gasol et al. 1999). Unlike HDNA bacteria, the
identity and activity of LDNA bacteria is not agreed
upon. LDNA bacteria were first labeled as inactive
(Gasol et al. 1999), but this group can incorporate 3H-
thymidine and 3H-leucine (Longnecker et al. 2006) and
can have positive gross growth rates (our Fig. 3;
Jochem et al. 2004). In Florida Bay, gross growth rates
of LDNA bacteria were consistently positive. LDNA
net growth rates were near 0 or positive and overall
significantly higher than HDNA net growth rates
(Fig. 3). HDNA communities were at times growing,
stable, or in a state of decline, but consistently grazed
more heavily than LDNA bacteria. These results indi-
cate that LDNA bacteria in Florida Bay were active (i.e.
growing), but were grazed less heavily than HDNA
bacteria. High grazing rates on HDNA bacteria might
have been a result of protist grazing preference for
actively growing, metabolically more active, and/or
slightly larger (as reflected by higher light scatter) bac-
teria (Gasol et al. 1999, Jürgens & Matz 2002).

These dilution experiment results were, however,
inconsistent with the observed spatiotemporal patterns
in bacterial abundance and protist biomass. TBAC ver-
sus HNF biomass and TBAC gross growth versus
TBAC grazing mortality rates correlated positively, but
gross growth and grazing mortality rates were unre-
lated to bacterial abundance and protist biomass. In
addition, dilution experiments indicated that LDNA
bacteria populations were increasing faster than
HDNA populations. From 2004 through 2006, the
LDNA community did not, however, overtake the
HDNA community in numerical abundance (our
Table 2; C. J. Williams unpubl. data). These inconsis-
tencies suggest that the heterotrophic bacterioplank-
ton community in Florida Bay is influenced by other
loss factors, which were absent from the dilution
experiments.

Florida Bay is a shallow, well-mixed estuary with
easily resuspendable sediment. During wind events,
which occur commonly, benthic nutrient resources and
microorganisms are mixed into the water column
(Lawrence et al. 2004). The bottle experiments sepa-
rate the pelagic community from the benthic commu-
nity, which may alter the pelagic microbial food web
by preventing natural benthic-pelagic interaction. In
addition, it is reasonable to suspect that heterotrophic
bacterioplankton sustain grazing losses from benthic
(sponges and mussels) and epiphytic (attached to
seagrass and red mangrove drop roots) suspension-
feeding organisms. For example, sponge filtration/
grazing experiments in Florida Bay found that sponges
were capable of removing half of water column phyto-
plankton biomass within 30 to 60 min (Peterson et al.
2006). Given that Synechococcus spp. are the most
abundant phytoplankton in Florida Bay and that
sponges can exert significant grazing control on this
plankton size-class (Peterson et al. 2006), we hypothe-
size that sponges might contribute also to hetero-
trophic bacterioplankton mortality.

Even in the absence of this potentially significant
benthic mortality component to heterotrophic bacterio-
plankton, TBAC grazing mortality rates at times
exceeded TBAC gross growth rates, suggesting top-
down control of bacterioplankton growth by bacterivo-
rous protists (Fig. 3). Grazing rates suppressed TBAC
growth more frequently at the western bay station.
However, spatial patterns in trophic influences on bac-
terial growth did not conform to the expected long-
term east to west nutrient gradient in Florida Bay
(Boyer et al. 1999), where the HNF:bacteria ratio
increased in the central and western bay (Lavrentyev
et al. 1998). Instead, TBAC net growth rates were
indicative of top-down trophic control (i.e. TBAC graz-
ing mortality ≥ gross growth) when N:P ratios, NH4

+

concentration, and ambient esterase activity were low
but PO4

3– concentration was relatively high (Table 3).
With increasing phosphorus-limited N:P stoichiometry
and NH4

+ concentration, protistan grazing accounted
for a diminishing amount of TBAC daily gross growth
(i.e. increasingly positive TBAC net growth rates),
indicating bottom-up control of heterotrophic bacteria
community growth. These results suggest that an
apparent shift from bottom-up to top-down trophic
control of heterotrophic bacterial growth occurred
when N:P ratios were near Redfield stoichiometry or
indicative of nitrogen-limitation and NH4

+ was de-
pleted (Tables 1 & 3, Fig. 3).

This N:P stoichiometry-dependent shift in the
trophic influence on heterotrophic bacteria communi-
ties in Florida Bay may stem from a combination of
resource competition between bacterio- and phyto-
plankton and altered protistan grazing activity in
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response to environmental cues. In Florida Bay, phyto-
plankton can outcompete heterotrophic bacteria for
PO4

3– when chl a concentration is above 1 to 2 µg l–1

(Cotner et al. 2000). In addition, long-term trends in
phytoplankton biomass indicate that chl a increased
with increasing total phosphorus (TP) concentration
and decreasing NH4

+ concentration (Boyer et al. 1997,
J. N. Boyer unpubl. data, http://serc.fiu.edu/wqmnet-
work). In the present study, chl a correlated negatively
with DIN concentration, suggesting that phytoplank-
ton contributed to the draw-down of water column
inorganic nitrogen resources and shift in N:P stoi-
chiometry. In addition, during the fall 2006 phyto-
plankton blooms, water column NH4

+ regeneration
was less than heterotrophic NH4

+ uptake, and light
NH4

+ uptake was significantly higher than dark NH4
+

uptake, indicating significant autotrophic consumption
of NH4

+ (M. J. McCarthy & W. S. Gardner unpubl.
data). Hence, greater resource competition with phyto-
plankton seemed to render heterotrophic bacteria
more susceptible to top-down regulation of community
growth. Assuming that water column N:P ratios are
indicative of cellular resource ratios of bacterio- and
phytoplankton, the activity of bacterivorous protists
may have increased in response to a shift toward more
favorable prey nutrient status. For example, Ochro-
monas danica, a mixotrophic nanoflagellate, ingested
cultured bacteria with low C:N:P ratios faster than cells
with high C:N:P ratios (Shannon et al. 2007). Thus,
environmental conditions can influence the availability
of prey bacteria that are preferentially grazed by bac-
terivores, which with resource competition between
bacteria and phytoplankton could influence further
trophic dynamics within the aquatic ecosystem. In the
present study, it appears that when ambient NH4

+ was
depleted and N:P reached stoichiometrically balanced
and/or nitrogen-limited conditions, bacterivory be-
came a major controlling factor for bacterial commu-
nity growth.

Significance of esterase

In natural systems, esterase/lipase activities vary
widely in their overall importance, suspected enzyme
source, and interpretation. In general, esterase/lipase
activity decreases with increasing fatty acid chain
length of the target substrate (Prim et al. 2003).
Esterase activities in Florida Bay (C7 substrate used;
Williams & Jochem 2006, the present study) exceeded
esterase/lipase activities in the Caribbean Sea (lipase
substrate not specified; Rath et al. 1993), Hudson River
Estuary (C16; Taylor et al. 2003), hypereutrophic
Danube River (C16; Gajewski et al. 1997), and the
coastal Pacific Ocean (Scripps Pier, C18:1; Martinez et

al. 1996) but were lower than in Lake Gardno
(eutrophic estuarine lake, northern Poland, C2 and C4;
Mudryk & Skórczewski 2004). These systems vary
widely from oligotrophic to highly eutrophic, but ambi-
ent enzyme activities conformed to expectations based
on model substrate carbon length. This difference in
reactivity of esterase/lipase model substrates makes
comparison between studies difficult. Enzyme activi-
ties and their corresponding interpretations are
products of the carbon length of the model substrate
used in the extracellular enzyme assay and the bacter-
ial community’s environment, metabolic activity, and
growth rate (Fiksdal et al. 1989, Jaeger et al. 1994,
Gajewski et al. 1997, Klatt & LaPara 2003, Chen &
LaPara 2006).

In Florida Bay, ambient esterase activity measured
using MUF-heptanoate was related significantly to
TBAC net growth rates (Table 3). Δesterase from dilu-
tion experiments indicated that when the bacterial
community was not growing because grazing mortality
rates exceeded gross growth rates, the bacterial com-
munity required the reduction of grazing pressure, not
nutrient addition, to increase esterase activity (Table 3,
Figs. 3 & 4). When the bacterial community had posi-
tive net growth rates, nutrient addition in addition to
reduction of grazing pressure was required to stimu-
late esterase activity. These results suggest that ester-
ase activity was linked to bacterial community growth
in Florida Bay and that ambient esterase activity was
restrained by grazing activities.

Interactions between esterase activity, phosphorus
concentration, and TBAC net growth rates (Table 3)
should result in a general relationship between in situ
TBAC, phosphorus concentration, esterase activity,
and BP. To look for this relationship, data collected at 7
Florida Bay stations from May 2004 through November
2006 (n = 196; Williams & Jochem 2006, authors’
unpubl. data) were subjected to stepwise multiple
regression analysis, where ln-transformed TBAC was
the dependent variable and ln-transformed TP, BP (3H-
leucine incorporation), and esterase activity were the
independent variables. Ln-transformed TBAC related
significantly and positively with TP, BP, and esterase
activity (R2 = 0.39, F3,193 = 40.8, p < 0.001). This rela-
tionship accounted for ~40% of the variability in bacte-
rial abundance and was based on parameters that
should indicate bacteria growth in Florida Bay. This
relationship did not include bacterial loss terms such as
sedimentation, viral lysis, and grazing mortality or
resource competition with phytoplankton and benthic
macrophytes, which likely play an equally, if not more
important, role in influencing TBAC in seagrass estu-
aries. Still, the relationship does support the obser-
vations that esterase activity is related positively to
bacterial community growth (Table 3).
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In the Caribbean Sea, cell-specific lipase activity cor-
related positively with bacterial biomass and turnover
times, indicating that lipase activity increased when
bacterial biomass was higher and the bacterial com-
munity turned over more rapidly (Rath et al. 1993).
Similar links of esterase/lipase activities have been
observed in culture experiments, in which enzyme
activity related to exponential bacterial growth (Jaeger
et al. 1994, Gobbetti et al. 1997). Using MUF-palmitate,
Gajewski et al. (1997) suggested that lipase activity in
the Danube River was a result of bacterial metabolic
activity and growth rates, whereby lipase production
in natural bacterial communities might be limited by
nutrient concentrations, grazing, and viral lysis.

Given these strong esterase activity responses to
changes in nutrient availability and grazing pressure,
it is likely that extracellular esterases supply simple
carbon substrates (free organic acids) for bacterial
catabolism. We hypothesize that positive relationships
between bacterial community growth and esterase
activity were driven by increases in bacterial carbon
demand, which occurred when bacteria were relieved
from bottom-up and top-down growth restraints. This
hypothesis is conditional and assumes that hetero-
trophic bacterial growth is not limited by carbon,
specifically lipid substrates. In the absence of suitable
lipid substrates, stimulation of esterase activity in
response to changes in bacterial growth rates is
unlikely (Chen & LaPara 2006). Under this hypothesis
and assumption, extracellular esterase activity seems
implicitly tied to trophic influences on bacterial growth
and metabolic activity (Table 3, Gajewski et al. 1997),
which regulate, in part, the carbon demand of hetero-
trophic bacteria.

CONCLUSION

In Florida Bay, heterotrophic bacterioplankton
growth and esterase activity were influenced by
bottom-up and top-down processes. Regardless of re-
source levels, HDNA bacteria were grazed more heav-
ily than the metabolically active LDNA population.
The ability of bacterivorous protists to restrict bacterio-
plankton community growth and carbon use was de-
pendent on ambient nutrient concentrations and the
relative ratio between DIN and phosphate. Protistan
grazing rates exceed bacterial gross growth rates and
suppressed esterase activity when ambient N:P stoi-
chiometry indicated balanced and/or nitrogen-limited
growth. When N:P ratios indicated phosphorus-limited
conditions due to increased NH4

+ concentration, bacte-
rioplankton growth was higher than bacterial mortality
and bacterial net community growth was controlled by
bottom-up processes. Under high ambient N:P ratios,

both nutrient addition and grazer reduction were
needed, however, to stimulate esterase activity beyond
ambient activities. The dilution experiments suggested
complex interactions between resources, phytoplank-
ton, bacteria, and protistan grazers, whereby competi-
tion between phytoplankton and bacteria for inorganic
resources and more nutritionally balanced growth con-
ditions allowed protistan grazing to exceed bacterial
growth. Thus, depending on ambient nutrient concen-
trations and stoichiometry, heterotrophic bacteria
growth and carbon use shifted between bottom-up and
top-down control.
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